Kinetochores are large multiprotein complexes that drive mitotic chromosome movements by mechanically coupling them to the growing and shortening tips of spindle microtubules. Kinetochores are also regulatory hubs, somehow sensing when they are erroneously attached and, in response, releasing their incorrect attachments and generating diffusible wait signals to delay anaphase until proper attachments can form. The remarkable ability of a kinetochore to sense and respond to its attachment status might stem from attachment-or tension-dependent changes in the structural arrangement of its core subcomplexes. However, direct tests of the relationship between attachment, tension, and core kinetochore structure have not previously been possible because of the difficulties of applying well-controlled forces and determining unambiguously the attachment status of individual kinetochores in vivo. The recent purification of native yeast kinetochores has enabled in vitro optical trapping-based assays of kinetochore tip-coupling and, in separate experiments, fluorescence imaging of single kinetochore particles. Here we introduce a dual instrument, combining optical trapping with multicolor total internal reflection fluorescence (TIRF) imaging, to allow kinetochore structure to be monitored directly with nanometer precision while mechanical tension is simultaneously applied. Our instrument incorporates differential interference contrast (DIC) imaging as well, to minimize the photo-bleaching of fluorescent tags during preparative bead and microtubule manipulations. A simple modification also allows the trapping laser to be easily converted into a realtime focus detection and correction system. Using this combined instrument, the distance between specific subcomplexes within a single kinetochore particle can be measured with 2-nm precision after 50 s observation time, or with 11-nm precision at 1 s temporal resolution. While our instrument was constructed specifically for studying kinetochores, it should also be useful for studying other filament-binding protein complexes, such as spindle poles, cortical microtubule attachments, focal adhesions, or other motor-cytoskeletal junctions.
Introduction
Optical tweezers are ideal tools for manipulating sub-micrometer objects such as colloidal particles or bacterial cells, and for generating and quantifying forces in the pico-Newton range [1] [2] [3] . They have become popular instruments for biophysical studies at the single molecule level in vitro, such as of motor proteins or protein complexes that are processive on linear cellular structures, including kinesin and dynein motors on microtubules [4] [5] [6] [7] [8] , myosin on F-actin [9] [10] [11] , and polymerases on DNA and RNA [12] [13] [14] [15] [16] . Typically, the optical tweezers are combined with wide-field microscopy or differential interference contrast (DIC) microscopy [17] , which provides visual cues for the experimentalist to manipulate trapped particles into the desired spatial configuration. DIC microscopy is a popular choice, because the appearance of micrometer scale colloidal particles under DIC imaging is clearly distinctive from protein aggregates or bead clumps that, if trapped, would lead to errors in estimating the force generated by the optical tweezers. DIC imaging can also allow objects ten times smaller than the illumination wavelength to be viewed. As an example, microtubules, which are 25 nm in diameter, are visible under DIC microscopy with video enhancements [18, 19] . This has made DIC imaging especially useful in single molecule tweezers studies of microtubule-associated motor proteins such as kinesins and cytoplasmic dynein. Another combination of optical tweezers that has become increasingly common is with fluorescence microscopy [5, 20, 21] . Simultaneously recording single-molecule fluorescence while also applying controlled mechanical perturbations can provide correlated information that is very valuable for uncovering how complex molecular machines function [22] [23] [24] .
Most previous combined single-molecule fluorescence/optical tweezers instruments were designed for studying nucleic acidinteracting proteins rather than microtubule-interacting complexes. Studying protein machines that interact with microtubules, particularly dynamic microtubules, poses extra challenges. Microtubules are assembled in vitro and are never monodisperse in length, whereas DNAs can be made or purchased in highly monodisperse form. In experiments that must accommodate microtubule filaments of variable length, it is important to image the microtubules, whereas in DNA assays it is often feasible to leave the DNAs invisible. Videoenhanced differential interference contrast (VE-DIC) microscopy allows the use of unstained microtubules, avoiding possible interference from dye-labeled tubulin subunits, and enabling long-term imaging over hours without photobleaching [25] [26] [27] .
In this chapter we introduce a combined instrument of optical tweezers, DIC and TIRF microscopy, each method working independently and simultaneously. To demonstrate its use, intra-kinetochore stretch distance is measured in vitro. Kinetochores are complex multi-protein machines that serve not only as mechanical couplers between mitotic chromosomes and dynamic microtubule tips [28, 29] , but also as signaling hubs. Mechanical forces on kinetochores are widely believed to control the generation of wait signals (Spindle Assembly Checkpoint signals), which help to ensure the accuracy of mitosis by delaying anaphase chromosome separation until all kinetochores are properly tip-attached and under tension [30, 31] . Kinetochore tension is also believed to control an error avoidance mechanism that triggers detachment of erroneously attached kinetochores that lack tension, while selectively stabilizing proper kinetochore-microtubule attachments that bear tension [32] [33] [34] . Presumably, therefore, tension must affect kinetochore structure in such a way as to control the localization or activity of signal-generating and error-correcting factors. Recent work confirms the structural plasticity of kinetochores in vivo [35] [36] [37] [38] . However, it remains unclear whether the rearrangements observed in vivo are direct responses to mechanical force, or whether they result indirectly from other signaling events or from differences in the attachment status of the kinetochores, which can be difficult to determine unambiguously in vivo. Our approach of observing the fluorescence from single kinetochore particles bound to individual microtubules in vitro ( Fig. 1 ) provides a new and more direct means to uncover how mechanical force affects kinetochore architecture. Our combined fluorescence and trapping-based methods will also be useful for directly examining how attachment status affects the affinity of the kinetochore for key checkpoint signaling and error correction factors. Ultimately, the approach might also be useful for studying protein assemblies from other cytoskeletal junctions, such as spindle poles, cortical attachment sites, or focal adhesions.
This chapter describes the design of the three major optical components of our instrument, the surface preparation we use for single kinetochore imaging, and a novel kinetochore-stretching assay. We also describe the design of an extension to the instrument that converts the optical tweezers into a focus detection and correction system. Optical trap calibration and kinetochore purification are covered only very briefly, since more detailed information can be found in the cited references (and in the other chapters of this volume).
Materials

Instrument Design and Optical Alignment
Many optical tweezers instruments are built by modifying commercial bright-field or DIC microscopes [39] . Whereas DIC and fluorescence imaging can be naturally combined with optical tweezers, the two imaging methods are not readily compatible by many standard microscope designs. The reason lies in the optical train of DIC, which has a pair of Wollaston or Nomarski prisms conjugated to the back-focal planes of the objective and condenser lenses. The prism on the objective side will split the emitted light based on its polarization, giving rise to two spatially displaced images corresponding to the two polarization directions. This artifact is undesirable in most applications, especially in single-molecule imaging, unless emission polarization is studied specifically. Wollaston or Nomarski prisms also affect the trapping laser in similar manner. For a circularly polarized incident trapping beam, the Nomarski prism will generate two slightly displaced traps, which can be approximated as one elliptically shaped trap. For a linearly polarized incident beam with polarization direction parallel with one of the axes of the prism, the beam will not be split, but the trap will still be anisotropic due to the polarization [40] . While anisotropy of the laser trap can be measured and accounted for [39] , the artifact in fluorescence is not acceptable when imaging resolution is close to the diffraction limit. Here we overcome this limitation by relaying the back-focal plane of the objective lens via a 4f lens system (as detailed below, in Subheading 2. Fig. 1 Schematic of the kinetochore stretching experiment. The glass surface is passivated by a supported lipid bilayer to provide specific binding of kinetochores. A small portion of the lipid is biotinylated, which allows avidin to bind, followed by biotinylated anti-His antibody. The kinetochores are His-tagged and are therefore diffusively anchored on the surface. Microtubules spontaneously form end-on attachments to the kinetochores, and a polystyrene bead that is functionalized by kinesin is trapped optically and then bound to the free end of the microtubule. The kinetochore is dragged along the lipid bilayer by the trapped bead, and time-lapse fluorescence images of the differentially labeled kinetochore are recorded fluorescence, and DIC imaging beam paths are then well separated, so that the Nomarski prism does not affect the other two optical paths. By implementing this modification, we show that DIC is perfectly compatible with fluorescence imaging and optical tweezers. In our combined system, we can manipulate an optically trapped object according to DIC images, and acquire fluorescence signals only when necessary to minimize photobleaching.
In addition to the incorporation of TIRF and DIC microscopy capability into optical tweezers, we also describe a practical modification that converts the optical tweezers setup into a real-time focus detection and correction system, or a focus lock, which compensates sample stage drift due to temperature fluctuations or slide creep. The principle is similar to many setups that use total internal reflection to convert sample movement into a translating optical signal [41] . Instead of using a separate light source, however, the trapping beam is converted from focusing at the imaging plane into a total-internal-reflection configuration by a few extra inexpensive optical elements, and is reflected back to a position-sensitive photodetector. This addition allows us to correct focal drift at video frequency, independent of DIC and TIRF functionalities.
Our instrument is built on a standard Nikon TE inverted microscope base, on which TIRF, optical tweezers, DIC, and focus lock are built sequentially. Three diode lasers at 488, 561, and 647 nm with a maximum power of 100 mW are used as excitation light sources that provide a good coverage of a wide range of fluorophore choices. Commercial DIC microscopes usually use green illumination, around 530 nm wavelength, which conflicts with one of the fluorescence channels. For this reason, we replaced the green DIC source with a 780-nm wavelength nearinfrared LED (Thorlabs M780L3).
TIRF Microscopy and Image Channel Position Registration
The laser beams from three solid-state lasers at 488 nm (Coherent Sapphire), 561 nm (Coherent Sapphire), and 641 nm (Coherent Cube) pass three half-wave plates, three polarized cube beam splitters, and three mechanical shutters (Uniblitz VS 25S2ZMO). Then they are expanded individually each by a pair of telescope lenses L1 (f ¼ 12 mm) and L2 (f ¼ 500 mm), as shown in Fig. 2 . The expanded beams then pass a 1:1 telescope with the first lens L3 (f ¼ 100 mm) on a translational stage so that the incident angle on the image plane is adjustable. Therefore, users can easily switch between TIR, epi, and oblique illumination. Three laser beams are combined by two dichroic mirrors, DM1 and DM2, placed between L3 and L4 (f ¼ 100 mm). The combined and steered beams that pass through lens L4 are focused by the tube lens L5 (f ¼ 150 mm) to the back-focal plane of the objective lens. A multiband dichroic mirror DM3 between L5 and the objective lens reflects the incident excitation lasers while passing the emitted fluorescence and the bright-field (DIC) illumination. The focal points of lens pairs L1/L2, L3/L4, and L5/objective coincide. An illumination field diaphragm (FD) is placed downstream of L4 at a distance of 2f, and upstream of lens L5 at a distance of 1f, so that both the field iris and the translating lens L3 are conjugated to the image plane. The iris allows adjustment of the illuminated area to prevent unnecessary photobleaching outside the imaging field of view (FOV). With this design, when L3 moves, it only translates the focused beam at the back-focal plane of the objective, and thus changes the incident angle at the image plane without changing the illuminated area. The emission signals are collected by the objective lens, sent through dichroic mirror DM3, and imaged by the built-in tube lens of the microscope base, followed by L6 (f ¼ 60 mm) and L7 (f ¼ 125 mm) onto three EMCCD cameras (Andor iXon897þ). The fluorescence is split by DM4 and DM5 and cleaned by emission filters BP2-4. The sample is mounted on a piezo-driven nano-positioning stage (Physik Instrumente To align the TIRF setup, a regular CCD camera is mounted at one of the view ports and aligned according to the images from the eyepiece. The camera is then used as a position indicator for laser beam alignment. First, the lasers are mounted and adjusted by several beam-folding mirrors. Beams of three colors are combined in this step by dichroic mirrors (DM1 and DM2). Then, the telescope assembly L4-iris-L5 is mounted to the backport of the microscope base and adjusted in position according to the beam pattern on the camera. Finally, lens L3 is installed, followed by the expansion telescope L2/L1 for each one of the three colors.
In applications where multiple fluorescence color channels are involved, accurate position registration across color channels is essential, especially when distances between components labeled in different colors need to be quantified. In the demonstration in this chapter, kinetochores are dragged along the lipid surface over micrometer-scale distances, while the nanometer-scale distance between two kinetochore components is measured by precisely tracking their locations in two different color channels. Accurate position registration is absolutely crucial. If, for example, the images in one channel were enlarged by just 1 % relative to the other channel, then a 50 nm artificial displacement would arise from a 5 μm movement across the FOV.
There are many standard procedures that address the position registration problem. Typically, a fluorescent object, usually a bead that is visible in multiple color channels, is raster-scanned across the FOV [42, 43] . The bead positions are used to obtain the registration correction. Here, we describe a highly automated and quick procedure that takes advantage of the features of the instrument and the nature of the imaging data. Our kinetochore images contain sparsely distributed diffraction-limited spots at tunable density. The instrument also works in a "focus lock" mode (which will be introduced in Subheading 2.1.4), where the sample slide remains in focus while the slide is moved by the nano-positioner to explore other fields of view for imaging. A customized LabVIEW program automatically coordinates the stage movements, focus stabilization, and fluorescence imaging. This program adjusts the sample z-position into focus, sequentially takes fluorescence images in selected color channels, moves the stage lateral position to the next field, and repeats the cycle to fully explore the area accessible to the piezo stage. With this automated instrument and software, we can acquire hundreds of fields that contain 10 5 kinetochores within several minutes. Kinetochores in these images are randomly localized, and a fraction (typically between 10 and 50 %) of the particles are dual-colored, containing fluorescent components in two color channels.
The transformation between corresponding coordinates in two channels is assumed to be linear. That is, if one location at coordinate x ¼ (x,y) T in channel 1 corresponds to a location at x 0 ¼ (x 0 , y 0 ) T in channel 2, the two coordinates are related by x 0 ¼ Ax þ b for all x and x 0 , where A is a 2 Â 2 matrix and b ¼ (x o ,y o ) T is a translation. This linear model covers rotation, scaling and shearing as four degrees of freedom in A. We find that this simple model is adequate for better than 5 nm precision. If more precision is needed, a more sophisticated, location-dependent nonlinear registration correction could also be obtained as described in [43] .
To extract registration information A and b from the images of kinetochores, we implemented an unsupervised machine-learning algorithm that identifies the dual-colored particles. First, a spot detection routine finds the coordinates of bright spots in the two color channels separately. Then the pairwise relative positions of the detected bright spots are calculated within each FOV, and the relative positions are collected from all FOVs. The distribution of the pair-wise relative position is shown in Fig. 3 . If the detected spots in the two channels are not co-localized at all and randomly distributed, the pairwise relative position is uniformly distributed (not considering boundary effects). The co-localized spots, on the other hand, will generate a peaked distribution near the origin. The localization error and intrinsic physical distance between fluorophores broaden the distribution, while the registration error causes scaling, rotation, shearing, and nonlinear distortion of the distribution. Nevertheless, relative positions of separated particles and colocalized particles have very distinctive features. The two clusters of spots are modeled by a mixture of two 2D normal distributions (see Note 1), one of which has a very broad and isotropic spread centered at the origin, the other with a sharper but undetermined covariance matrix and center location. Because the widths of the two peaks are typically different by two orders of magnitude, they can be effectively separated following the standard expectation--maximization algorithm (see Note 2). The coordinates x and x 0 of the co-localized pairs in both channels are then used to estimate A and b through a linear regression
The registration information is immediately used to obtain the corrected coordinates, and a new pairwise relative position is calculated, and the process iterates until A and b converge (Fig. 4) .
The convergence is usually reached within a few iterations when the co-localization fraction is above 10 %, so that the central co-localization peak is distinctive from the background. Figure 3 compares the pairwise relative position before and after the linear registration correction. The distribution indicates that the distance of co-localized pairs after correction is tightly and isotropically centered around the origin. The cause of the residual spread is possibly due to residual localization inaccuracy, field-dependent image distortion, and intrinsic intramolecular distance between the fluorescent markers.
Optical Tweezers
A 3 W Nd:YAG laser at 1064 nm wavelength (Spectra-Physics J20-BL10-106C) is used for trapping. The beam passes a half-wave plate and a polarized cube beam splitter for manual power adjustment (see Note 3). The beam is then expanded by a pair of telescope lenses, L8 (f ¼ 25 mm) and L9 (f ¼ 200 mm), as shown in Fig. 2 , with L9 mounted on a three-dimensional translation stage, and passes through a mechanical shutter (Uniblitz VS 25S2ZMO). The expanded trapping beam passes a pair of 1:1 telescope lenses, L10 and L11 (f ¼ 175 mm), and is directed to the objective lens by a dichroic mirror, DM6, mounted between the multi-band dichroic The inset shows the zoomed-in distribution mirror for TIRF and the objective lens. The focal points of lens pairs L8/L9, L10/L11, and L11/objective coincide, and L9 is on the upstream focal plane of L10, so that telescope pair L10/L11 images L9 near the back aperture of the objective lens (see Note 4). When L9 is moved to adjust the optical trap position, the beam intensity at the specimen does not change significantly. The transmitted light is collected by the condenser lens CL, collimated, and redirected by a dichroic mirror mounted inside the condenser turret through a cut hole. The transmitted beam is focused by lens L12 (f ¼ 80 mm) and sent to a quadrant photodiode (QPD). Lens L12 images the condenser back-focal plane onto the QPD, so that the position signal is insensitive to the specific location of the trap when L9 is moved (although it is not necessary to move the trap position in the application of this chapter, and L9 in practice is rarely moved). The QPD signal is low-passed filtered, amplified, and digitized by an A/D converter (National Instruments USB-6212), and recorded by a computer. The alignment process is similar to that used for the TIRF microscope. The fine alignment and calibration of the optical tweezers follows standard procedures as described in [7, 39, [44] [45] [46] . Because visible bands are occupied by fluorescence channels, a 780 nm LED (Thorlabs M780L3) is used as the light source for the DIC imaging, fed in at the backport of the condenser turret, in place of the regular green illumination. The slightly longer wavelength compared to the usual green illumination makes it more challenging to image microtubules. Our Nikon microscope base offers DIC imaging by allowing users to insert two Wollaston prisms near the back apertures of the objective lens and the condenser lens. However, this setup would significantly degrade TIRF imaging, as the randomly polarized or un-polarized emission light will be split by the objective Wollaston prism so that the pointspread functions for different polarizations are displaced. For this reason, the plane for placing the Wollaston prism under the objective lens is relayed downstream of the DIC beam path by a 4f lens pair. The dichroic beam splitter DM6 for sending the trapping laser to the objective lens has a cutoff wavelength of 750 nm, and so the DIC illumination (780 nm) is also reflected along the trapping path, and goes through lens L11, the last telescope lens for the trapping beam. Past L11, the DIC beam is separated from the trapping beam by a NIR long-pass dichroic mirror DM7 with 810-nm cutoff wavelength. L11 and another lens with identical focal length, L14 (f ¼ 175 mm), form the 4f system that recreates the back aperture where the Wollaston prism is placed. The Wollaston prism is mounted on a stage with 3D-translational and rotational degrees of freedom. Finally, the DIC image is obtained by an imaging lens L15 (f ¼ 125 mm) and a CCD camera (Point Grey FL3-GE-03S1M-C). It is worth noting that in the Nikon DIC configuration, the direction of Wollaston prism axes are 45 from the x-and y-axes of the image, or the directions of the side ports and backport. The dichroic mirror that reflects both the trapping and DIC beams has a coating that complicates the phase relation between s-polarized and p-polarized waves at 780 nm. For this reason, the Wollaston prism axes are rotated to be parallel to the s-and p-directions of the dichroic mirror. The condenser turret is rotated 45 to achieve this configuration. The optical tweezers should be aligned prior to setting up the DIC path. Lens L11 is shared by the tweezers and the DIC, so it should remain fixed in space. Using the auxiliary camera for TIRF alignment and the image of the field iris in the condenser turret, the condenser lens is aligned, so is the DIC illumination path. The second telescope lens L14 and the imaging lens L15 can be aligned similarly by centering the image on the DIC camera. Finally, the Wollaston prism is placed at the focal plane of L14 between L14 and L15. To adjust the x-y location of the Wollaston prism on the imaging side, move the prism until the image is the dimmest, and then move away from the dimmest position until the image is near saturation for the best contrast. To adjust the axial location of the Wollaston prism along the beam propagation direction, move the prism on both axial and perpendicular directions, so that the image changes in brightness uniformly, instead of having a wide dark stripe across the image.
Microtubules imaged by DIC have low contrast, and therefore the DIC images need to be processed for better visibility. Commercially available video enhancement devices can be found for analog video signals (e.g., the Hamamatsu Argus). The same real-time image/video processing task can now be carried out by computers, with the advantage of better coordination with nano-positioner control, optical trapping laser control, and fluorescence cameras. To maximize microtubule contrast, the DIC camera works at near saturation so that its dynamic range is fully exploited. The images typically have an uneven illumination, and likely contain several dust particles in the field, both of which can have higher brightness variation than microtubule images. Fortunately, these static background contributions can be recorded at a clean field or by focusing inside the coverslip, and can be subtracted from the images with beads and microtubules. In case the background illumination is still uneven, a high-pass filter is applicable. For our particular setup, we use LabVIEW for image acquisition and processing. Filtering the images with a large kernel is slow and not suitable for real-time processing. Instead, we resize the images 32 times smaller, median filter them, and then resize them back to the original size using interpolation, which is significantly faster than filtering. The smoothed background is subtracted to approximate high-pass filtering.
Focus Detection
The 1064-nm trapping laser can be used for focal detection with simple modifications to the trapping beam path. The design is similar to the commercially available focus locks provided with most microscopes, but at far lower cost. In a TIR configuration, the incident beam is reflected by the glass-water interface and sent back to the objective. An axial shift in the position of the sample results in a translational movement of the reflected beam. This movement can be picked up by a position-sensitive detector (PSD; Pacific Silicon Sensors DL100-7PCBA3) as an indication of the sample axial location. Different from the trap configuration, the laser beam in TIR configuration is collimated on the imaging plane instead of focused. To convert the trapping beam to a TIR beam, a concave lens L16 (f ¼ À150 mm) is added between the 1:1 telescope L10-L11 (Fig. 5) . With the concave lens, the laser beam will be collimated, centered and parallel to the objective axis. To create an incident angle greater than the critical angle, a pair of wedge prisms P, each having 2 beam deviation, is also inserted so that the incident angles can be adjusted to any value between 0 and 4 from any direction. The TIR beam is spatially separated from the incident beam, and is redirected onto the PSD by a D-shaped mirror (D) between L8 and L9 so that the incident beam is not blocked (Fig. 5) .
For easy installation and removal of the three additional optical elements (one convex lens and two wedge prisms), lens L10 and L11 in the optical tweezers setup are mounted on a cage system with an open top, and the additions of the concave lens L16 and prism pair are mounted on complementary cage rails (Fig. 5) . To adjust the prism pair, set the wedge of the prisms pointing in opposite directions initially, so that the beam out of the objective has zero incident angle about the axis. With a sample slide on the microscope stage, rotating the prisms in opposite directions will change the incident angle (the elevation angle), while rotating in the same direction rotates the collimated beam about the axis (the azimuthal angle). Adjust the prisms so that the incident beam reaches TIR condition. A bright reflection should be detectable along the beam path and on the PSD. The PSD signal is low-pass filtered, digitized by the acquisition board, and then monitored and controlled if needed by custom software written in LabVIEW. For in vitro experiments on kinetochores, we follow the protocol in ref. [47] to purify kinetochores from a yeast strain that carries genes encoding labeled kinetochore components. Tubulin is purified from calf brains following [48] . In order for the beads to attach to microtubules, we purify a His-tagged and biotinylated recombinant kinesin motor domain from E. coli cells [49, 50] . The biotinylation is achieved by an enzymatic ligation [51] . The materials can be found in the corresponding references. 4. Oxygen-scavenging system for reducing photobleaching and photo-damage: mix glucose oxidase at 20 mg/ml, catalase at 4 mg/ml in BRB80 with 20 % glycerol (100Â stock), and 2 M glucose in water in a separate tube (100Â stock).
5. 5 mg/ml k-casein in assay buffer. 6. Ultracentrifuge.
Small Unilamellar
Vesicles (SUVs) for LipidBased Surface Passivation 1. 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC), 25 mg/ml in chloroform.
2. 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(cap biotinyl) sodium salt (bio-cap-PE), 10 mg/ml. 2. 0.1 mg/ml avidin-DN in assay buffer.
3. 20 nM penta-His antibody in assay buffer.
4. Vacuum source such as water aspirator with water trap.
5. Purified His-tagged kinetochore particles in assay buffer.
6. Functionalized beads prepared in Subheading 3.1.2.
7. 5 mg/ml k-casein in assay buffer.
Methods
Single Kinetochore Imaging and Manipulation Assay
To demonstrate the application of our combined instrument, we use it to measure inter-molecular distances within a single kinetochore particle. Kinetochores are protein complexes that assemble on centromeric DNA during mitosis and meiosis and act as loadbearing linkers to the growing and shrinking tips of spindle microtubules in order to segregate chromosomes [52, 53] . Beyond their role as mechanical "tip-couplers," kinetochores also facilitate crucial regulatory functions including modulation of microtubule tip dynamics [34, 47, 54] and monitoring the spindle-chromosome attachment configuration [30, 31] . The core kinetochore components are largely conserved in eukaryotes from yeast to human. The total molecular weight of a kinetochore is roughly in the megadalton range, but the total weight and the copy number of each component varies across species [55] . Kinetochores are organized into a layered structure, with inner kinetochore components bound to centromeric DNA and outer components forming attachments to spindle microtubules. Their architecture has been mapped with nanometer accuracy by fluorescently tagging particular pairs of kinetochore components and measuring their separation (the "delta measurement") in fixed or live cells of both yeast and humans [35, 36, 38, 56, 57] . Electron microscopy has also provided high-resolution views of kinetochores. However, due to the difficulty of associating component identity with specific structures, only limited success has been achieved in resolving particular kinetochore proteins within electron micrographs [58] [59] [60] . Because of the mechanical role of kinetochores in spindlechromosome attachment, optical tweezers have proven useful for probing the nature of these attachments [47, 54, [61] [62] [63] [64] . Similar to optical tweezers experiments on motor proteins, purified kinetochores (or kinetochore subcomplexes) were immobilized on dielectric beads, and were allowed to bind on surface-anchored microtubules. Mechanical measurements alone have revealed many interesting properties of kinetochores. For example, kinetochore-microtubule tip attachments exhibit catch bond-like behavior, where the lifetime of the attachment increases with increasing tension, until an optimal tension is reached, where the lifetime is maximal [47] . Optical tweezers experiments have also shown that meiotic kinetochores attach microtubule tips more strongly than mitotic kinetochores, suggesting that sister kinetochores in meiosis are mechanically fused together [64] . In the same work, TIRF microscopy was used, in addition to and separately from tweezers experiments, to show that the meiotic kinetochores contained more copies of the components than the mitotic ones, giving rise to brighter particles under fluorescence imaging. Thus, optical tweezers and quantitative TIRF microscopy have both provided independent means to quantify the differences between meiotic and mitotic kinetochores.
The structural arrangement of core kinetochore components changes dynamically in vivo depending on the cell cycle stage or after treatment with microtubule poisons. Because the separation distance between certain inner and outer kinetochore components increases at metaphase, when the kinetochores are likely to be supporting relatively high levels of tension, these rearrangements have sometimes been referred to as "intra-kinetochore stretch" [35, 37, 57] . In principle, such attachment-or tension-dependent changes in core kinetochore structure could control the key signaling events at kinetochores, including the generation of checkpoint wait signals and the selective destabilization of erroneous attachments [65] . However, whether the observed structural changes are caused directly by attachment or tension remains unproven and whether they play any role in modulating kinetochore function is also unclear [66, 67] . Resolving these issues will require observing nanometer-scale deformations under controlled forces in vitro. Optical tweezers can generate forces to recapitulate physiological levels of spindle tension while the movement of various kinetochore components is measured using TIRF microscopy and centroid tracking in real time. DIC imaging is particularly useful in this experiment as well, because the 25 nm thick microtubules are visible under DIC, so that fluorescence imaging is not required during the initial preparative manipulations before recording.
Single molecule TIRF experiments typically require surface engineering to achieve specificity for the molecules of interest and to passivate against all other components in the assay. This is often achieved by introducing nonspecifically absorbed proteins (e.g., BSA or casein), or by chemical surface treatments that cover the glass surface. In less demanding situations, bovine serum albumin (BSA) or casein is sufficient to provide a layer of blocking protein to prevent nonspecific binding (see Note 7). When higher specificity is required, the glass surface can be silanized and polyethylene glycol (PEG) can be covalently attached at high density [68, 69] . In the third type of passivation strategy, a supported lipid bilayer selfassembles on the glass surface via vesicle fusion. Under this treatment, the ratio of specifically vs. nonspecifically immobilized molecules can be extremely high (Fig. 6 ). In these methods, a portion of the passivating molecules carry specific linkers, commonly biotin, so that molecules of interest can be immobilized via these linker molecules. Here, we use a lipid bilayer as our surface passivation. We find that supported lipid bilayers provide far superior blocking than simple protein passivation, and they are more reproducible in our hands than silanization followed by PEGylation.
A unique property of supported lipid bilayers is their fluidity. Unlike linkers on a silanized surface that are covalently attached to the glass substrate, lipid molecules are diffusive within the bilayer, and thus the linked molecules are mobile. This property allows novel experimental designs such as DNA curtains [70] , which are dense arrays of DNA molecules each with one end attached to the lipid head groups. Here we introduce a novel method to utilize the fluid nature of the lipid bilayer to study kinetochores structure. In our experimental setup, a kinetochore is dragged on the bilayer surface, thus remaining close to the surface and oriented in the direction of tension applied via an attached microtubule (Fig. 1) . Under TIRF microscopy, the locations of multiple kinetochore components are tracked and the intra-kinetochore stretch is quantified (similarly to the "delta measurement"). To accommodate the finite movement range of our piezo-controlled specimen stage, each kinetochore is dragged in a circle instead of linearly. Following this routine, the intra-kinetochore stretch of an individual kinetochore is identified with better than 10 nm accuracy at a temporal resolution of seconds.
Kinetochore and Tubulin Purification
In brief, Saccharomyces cerevisiae (budding yeast) kinetochores are genetically tagged by 6 Â His and 3 Â Flag tags on the C-terminus of the kinetochore protein, Dsn1. In addition, SNAP and CLIP tags [71, 72] are fused onto selected kinetochore components. Yeast cells are grown, harvested, and lysed by either a blender or beadbeating or a freezer mill. Flag tags on Dsn1 are used to purify the kinetochores using anti-Flag antibody coated magnetic beads. During the purification procedure, the fluorescently labeled SNAP-and CLIP-tag ligands are added to label the kinetochores. The kinetochores are then eluted by Flag peptides and stored at À80 C. Details of the purification procedure can be found in [47, 64] .
Bovine tubulin can be obtained from commercial sources or purified from cow brains. We followed the protocol in [48] with minor modification to purify bovine tubulin. Calf brains were extracted, cleaned and homogenized at 4 C so that microtubules were forced to depolymerized, followed by ultracentrifugation to clarify the lysate. Then microtubule polymerization was promoted by the addition of glycerol and GTP at 37 C, and the filaments were then pelleted by ultracentrifugation. The resuspended microtubules were cold-treated again and ultracentrifuged. This cycle of polymerization-depolymerization was repeated one more time, and the harvested tubulin was aliquoted and stored at À80 C.
Microbeads Functionalized with a Strong MT-binding Protein
Optically trapped beads are used to apply force to a microtubule that has one end attached to a kinetochore. The beads are functionalized with kinesin so that they bind to the microtubule lattice when brought to the vicinity of the microtubule by the optical tweezers. To conjugate kinesin to the bead surface, we purchased streptavidin-functionalized polystyrene beads (Spherotech SVP-05-10), which were further functionalized by biotinylated kinesin. The kinesin was constructed based on the N-terminal 401-aminoacid motor domain (K401) of Drosophila kinesin [49, 50] , and the biotinylation is achieved by an enzymatic ligation [51] . A 15-amino-acid AviTag recognized by biotin ligase BirA and a Flag-tag used for immunopurification are both fused to the K401 gene and transformed into E. coli BL21 (DE3) competent cells (New England BioLabs). A plasmid carrying the ligase gene, pBirA, was transformed into a different strain. Both strains were harvested separately, mixed and lysed with the addition of biotin so that the recombinant kinesin was biotinylated in vitro and purified to 100 mg/ml in BRB80. Note that the kinesin used in this chapter is purified via Flag-tag instead of the more common choice of Histag because the kinetochores are immobilized on the surface via His-tags and surface bound anti-his antibody. Kinesin should not interact with the surface engineered this way. The following procedure describes how to make 100 μl functionalized beads, enough for approximately ten tunnel slides.
1. Dilute 1 % w/v streptavidin coated polystyrene beads in 25 mM HEPES buffer to 0.1 %. Prepare at least 50 μl and sonicate (across the tube wall) by placing the tube near a flat-tip sonicator or in a bath sonicator immersed in a cold-water bath for 2 min at medium power setting. This step breaks most of the bead clumps into individual beads.
2. Take 2 μl of the sonicated beads, mix with 2 μl 100 μg/ml biotinylated kinesin. Place on rotor at 4 C for 1 h.
3. Add 86 μl assay buffer with 10 μM taxol to the 4 μl beadkinesin mix. Prior to use, briefly sonicate the diluted mixture for 5-10 s at medium to low power setting to break bead clumps. The diluted mixture can be kept on ice and remain active for a day. Sonicate when significant clumping occurs.
4. Dilute scavenger mix and glucose fivefold in assay buffer separately. Take 8.8 μl diluted bead mix, add 0.2 μl 5 mg/ml k-casein, 0.5 μl diluted glucose solution and 0.5 μl diluted scavenger mix. Avoid mixing scavenger and glucose much earlier before the slide is ready.
Microtubules
In live cells, kinetochores attach to dynamic spindle microtubules during mitosis and meiosis. In this in vitro experiment, microtubules are polymerized and stabilized by taxol before introduction into the flow chamber, where kinetochores have previously been anchored to the surface. Fluorescent tubulin is helpful to visualize attachment between a kinetochore and a microtubule, in addition to the DIC images.
1. Mix thawed 6.4 μl 1 mg/ml tubulin with 24.4 μl microtubule polymerization buffer. If fluorescence image is needed, mix 2 % fluorescently labeled tubulin.
2. Incubate at 37 C for 45 min.
3. Add 200 μl warm BRB80 with 10 μM taxol.
4. Spin the grown microtubule at 37 C at 100,000 g for 10 min in an ultracentrifuge.
5. Discard the supernatant, and resuspend the pelleted microtubule in BRB80 with 10 μM taxol by vigorous pipetting.
Small Unilamellar Vesicles (SUVs) for LipidBased Surface Passivation
Phospholipid small unilamellar vesicles (SUVs) can spontaneously form supported bilayers on clean glass substrates by vesicle fusion onto the surface. A supported bilayer very effectively blocks soluble proteins and small molecules from adhering to the surface. A small fraction of the phospholipid can carry biotinylated head groups, so that molecules of interest can be specifically anchored to the surface via biotin-streptavidin interactions at controlled density. To prepare lipid SUVs, a lipid mixture dissolved in chloroform is thoroughly dried to form a lipid cake, followed by rehydration in lipid buffer. The suspension is sonicated with a micro-tip that is immersed directly into 300 μl of fluid to form SUVs. The following procedure describes how to make 300 μl lipid SUVs, enough for approximately 30 tunnel slides.
1. Add 12 μl 25 mg/ml POPC and 4 μl 0.1 mg/ml biotin-cap-PE to 84 μl chloroform in a glass test tube. The volume of the chloroform does not need to be exact. Mix well by brief vortexing. The mixture contains 0.1 % biotinylated lipid. Never use plastic pipettes or syringes to transfer chloroform. Wash syringes ten times with clean chloroform before and after each use.
2. Dry the lipid mixture in chloroform by blowing nitrogen over the mixture for 5-10 min. Rotate the test tube while drying the mixture until the lipid forms a thin semi-transparent film at the bottom of the tube.
3. Further dry the lipid cake in a vacuum desiccator without desiccant overnight (see Note 8) . POPC lipid cake can be stored in a desiccator for weeks before passivation ability is compromised.
4. After the lipid cake is thoroughly dried, take the tube out of the desiccator. Add 300 μl lipid buffer, and rehydrate by rigorous vortexing. The lipid suspension should turn cloudy white.
5. Transfer the rehydrated lipid to a 1.5 ml tube, and mount the tube in a container filled with cooling water. Place the tube under the sonication tip so that the tip is immersed but not touching the tube wall.
6. Sonicate the lipid suspension for 5 min at 50 % duty cycle and a low power setting, depending on the specific sonifier. The duty cycle setting prevents constant formation of cavitation bubbles, and helps heat dissipation. The lipid suspension should turn clear after sonication, which suggests that the vesicle size is well below the wavelength of visible light.
7. Keep the SUVs on ice and they are ready to use. SUVs can be stored at 4 C for days. A 5-min sonication is recommended before use each day.
Disposable Channel-Slides
The channel slides used in this experiment are the common slides made of coverslips and double-sided tape as spacers. In order for the lipid SUVs to fuse on the surface, the coverslip needs to be cleaned thoroughly. A bench top plasma cleaner is a quick and convenient tool to provide sufficiently clean glass without additional washing.
1. Clean coverslip and glass slides on glass rack in plasma cleaner for 3 min.
2. Lay rows of double-sided tape perpendicular to the long edge of the cleaned glass slide with approximately 3 mm separation. Place the coverslip on top and briefly press. The volume of the tunnel at this width is approximately 5 μl.
3. Bake the tunnel slide on 60 C hot plate or oven for 5 min. Press to form tight seal between glass and coverslip. The baking step greatly reduces the chance that the coverslip lifts during the following steps.
4. If multiple tunnels are prepared on one slide, carefully brush a drop of nail polish between tunnels to prevent overflowing to adjacent tunnels in the following steps. Put the slide away until nail polish dries.
Preparing Slides for the Single Kinetochore Imaging and Manipulation Assay
In this step, the SUVs, linker molecules, kinetochores, microtubules and beads prepared above are flowed into the tunnel slide in turn to establish the designed experimental configuration illustrated in Fig. 1 . The preparation steps are summarized in Fig. 7 . 8. Flow in tagged kinetochores in assay buffer at proper concentration. Incubate for 10 min. We found that 0.3 nM of kinetochore provides a good density of kinetochores on the surface. Incubate for 5 min.
9. Wash with 35 μl assay buffer.
10. Flow in taxol-stabilized microtubules in assay buffer with 10 μM taxol and 0.1 mg/ml k-casein. Incubate for 5 min. To obtain ideal microtubule lengths, microtubules can be briefly vortexed for 5 s.
11. Without washing away the excess microtubules, very slowly feed in the kinesin-functionalized beads prepared in Subheading 3.1.2. The flow speed should be slow because end-on attached microtubules can be washed away by the shear force. Seal the ends of the chamber with nail polish and mount on the microscope for tweezers manipulation and TIRF imaging. Following the procedure described in the previous sections, kinetochores are anchored on the lipid bilayer via specific linkages. Microtubules are then flowed in and allowed to bind to the lipidanchored kinetochores. The kinesin-functionalized beads are slowly introduced. The slide is mounted on the microscope. The slide is searched to find an end-on attached microtubule on a kinetochore that has fluorescent tags on both Mtw1 and Dam1 in two different color channels. Then the optical trap is switched on to trap a kinesin-functionalized bead nearby. The bead is brought close to the free end of the microtubule until a kinesin-microtubule attachment is established. During the bead manipulation, the fluorescence excitation is turned off and DIC is used to provide visual guidance. Because the transition temperature of the lipid mixture is below room temperature, the kinetochores anchored to the lipid heads remain diffusive on the surface. After the attachments on both ends of the microtubule are established, a customized Lab-VIEW program moves the piezo stage in a circle with radius larger than the distance between the kinetochore and the bead. The movement speed is set between 0.1 and 0.5 μm/s, which allows several revolutions of motion before photobleaching. Fluorescence images of the kinetochore components are recorded as it moves over the lipid surface. Because the lipid molecules to which the kinetochore is anchored are dragged through the bilayer, a tensile drag force is transmitted to the kinetochore. In the laboratory frame of reference, the trapped bead remains nearly stationary, and the lipid surface moves in a circle driven by the piezo stage. The force balance and geometric relations are simpler to understand in the frame attached to the slide, in which the bead moves along a circle, and the kinetochore is dragged behind by the microtubule along a smaller circle (Fig. 8a) . The bead velocity v 0 bead is along the tangential direction of the bead trajectory, but has an angle α with respect to the microtubule. The velocity component parallel to the microtubule v 0 || is equal to the kinetochore velocity v 0 KT , because the microtubule length l does not change. l and the radii of the two circular trajectories R and r form the three sides of a right triangle, with
The circular movement of the kinetochore has a phase lag α, behind the bead movement, that is determined by sin(α) ¼ l/R. In the lab frame, the bead remains trapped, and all velocities in the slide frame are transformed by subtracting the instantaneous velocity of the bead in the slide frame v 0 bead ¼ Àv stage (Fig. 8b) . The kinetochore velocity v KT equals the tangential component of the stage velocity v stage , whereas the normal component of v stage creates an outward drag along the microtubule. Note that in the lab frame, the kinetochore moves with a phase lead π/2 À α, ahead of the stage movement. Figure 9a shows a snapshot of the bead, kinetochore and microtubule positions, overlaid by the trajectory of the kinetochore and the stage.
The centroids of the labeled kinetochore components are obtained from the time-lapse movies of both the Mtw1 and Dam1 channels. The coordinates are corrected according to the registration transformation. Figure 9b shows the kinetochore coordinates as functions of time. Because the kinetochores move along a circle, the coordinates are simple sinusoidal functions. The positions of Dam1 relative to Mtw1, which we chose as a fiducial marker, are calculated from the corrected coordinates, and plotted in Fig. 9c . The relative distance between Dam1 and Mtw1 also appears sinusoidal, and the phase follows the movement of the kinetochore shown in Fig. 9b . In rotating polar coordinates centered at the location of Mtw1 and following the direction of the microtubule, the radial and tangential coordinates of Dam1 are shown in Fig. 9d , with average values of 44 AE 33 nm and À7.5 AE 33 nm (mean AE SD), respectively. If smoothed by a 1 s moving window-average (as indicated by the solid lines), the standard deviation of the estimated mean location of the smoothed trace is 11 nm. Overall, the averaged separation in 45 s of data is 44.6 AE 1.8 nm. Force was measured by the bead displacement in the trap. Intra-kinetochore tension generated by the viscous lipid is 0.076 AE 0.003 pN along the radial direction and 0.008 AE 0.003 pN along the tangential direction (Fig. 9e) . Note that at the typical speed of the bead moving in buffer, the viscous drag on the bead is below 10 fN (assuming a sphere of 0.5 μm diameter moving at 1 μm/s in water). Thus the major contribution to the tension measured by the optical trap is viscous drag associated with moving the kinetochore-lipid anchor through the bilayer. indicates the time projection of the position of Dam1 relative to Mtw1. Raw data (gray points), moving-window smoothed data (red points), and a circle of 44 nm radius are plotted together for comparison.
As a control, the position of Dam1 relative to Mtw1 on an unattached kinetochore is shown in Fig. 10 . Because this kinetochore is not oriented to any particular direction, the separation is small and unbiased towards any direction. This negative control also proves that the position registration is accurate. The radial and tangential components of separation are À1.6 AE 1.1 nm and À0.4 AE 1.1 nm (mean AE SD of the mean).
In summary, we demonstrate the construction and application of a combined instrument of optical tweezers with TIRF and DIC microscopy. With this instrument, the distance between two protein components within a single kinetochore particle can be measured with 10 nm precision over 1 s of observation time, or with better than 2 nm precision over 50 s, internally controlled and bias-free. Fluorescence microscopy allowed us to observe the brightness and location of specifically tagged components, while the protein complex was simultaneously manipulated by optical tweezers at controllable and known force. DIC microscopy was used to avoid photobleaching when fluorescence images were not recorded, providing visual guidance to establish the correct experimental configuration and to monitor the progress of the dragging experiment.
The surface treatment selectively immobilized our protein complex of interest, while blocking all other components of the experiment such as microtubules, beads, and incomplete kinetochore assemblies. We adopted supported lipid bilayers as the surface passivation treatment, a less common method than silanization followed by PEGylation. Compared to PEGylation, we find that a lipid bilayer is considerably easier to prepare, and in our hands it provides a more reliable and cost-effective passivation. It also offers flexibility through the incorporation of different functionalized lipids. In the demonstration of this chapter, we utilized the fluidity property of the bilayer to mitigate possible errors due to color channel mis-registration. In principle, the viscosity of the lipid could be tuned by introducing various species of lipids to generate different forces. Alternatively, a lipid with transition temperature above room temperature could be used to create a gel-phase bilayer to more firmly immobilize the anchored molecules.
We have also introduced an addition to the combined instrument that incorporates focus detection into the existing setup. The addition shares the detection beam with the trapping laser, but converts it to a total-internal reflection configuration with a few extra, simple optical components. Axial position is converted to translational beam position, collected by a position-sensitive photodetector, and digitized. This position signal can be used to compensate focal drift during long-term imaging, or to execute a programmed axial scan for optical sectioning. Because a laser source, a data acquisition device, and a nano-positioning stage are usually standard components of an optical tweezers setup, the addition of focus detection is inexpensive and easy to implement.
The experimental platform we describe above is suitable for studying nanometer-scale structural changes in filament-binding complexes under tension. Our instrument was constructed with the goal of studying kinetochores, but we envision that it could also be useful for studying other cytoskeletal junctions as well. Kinetochores undergo conformational changes that are suspected to play important roles in spindle-assembly checkpoint signaling. It is not yet clear whether the changes in intra-kinetochore distance observed in vivo are caused by changes in kinetochore tension, by changes in kinetochore-microtubule attachment status, or by more complex signaling events [73] . Our single kinetochore imaging and manipulation assay represents a new, direct way of testing whether tension alone can induce structural changes in kinetochores, and whether the spindle assembly checkpoint system responds to such changes. The approach might also be generally useful for studying other protein complexes that associate with cytoskeletal filaments, such as the centrosomes and yeast spindle pole bodies that anchor spindle microtubules, the desmosomes that provide cell-to-cell adhesions, the LINC complexes that connect cytoskeletal to nucleoskeletal filaments, or the focal adhesion complexes that underlie cellular mechanosensation.
1. Strictly speaking, the distribution for the random relative position is the convolution of two uniform distributions with a boundary of the size of the FOV. In practice, it is approximated well by a two-dimensional normal distribution with a covariance matrix equal to the identity matrix multiplied by a constant proportional to the square of the FOV size.
2. Expectation-maximization is a powerful machine leaning algorithm that performs clustering in this case. The association of each pair of spots with the two clusters is unknown, and the shape and location of the clusters are also unknown. In the expectation-maximization algorithm, initial guesses of the cluster shape and location are given, followed by the clustering of pairs according to these guesses. The cluster shape and location are then updated using the clustering results. This process iterates until convergence is achieved.
3. Ideally, a Faraday optical isolator should be installed first to prevent back reflection from the surfaces.
4. In our setup, L9 is conjugated with the back-focal plane of the objective lens. But the back aperture is very close to the backfocal plane (in fact, the focal point is inside the objective lens), and the back aperture is slightly overfilled. The difference in beam profiles between the back aperture and the back-focal point is insignificant.
5. We used the K401 construct of drosophila kinesin, which will exhibit motility in the presence of ATP or GTP. This is not a concern in the demonstration, but one can implement the rigor mutation on kinesin when ATP or GTP will be present.
6. Microtubules are grown in PIPES based BRB80 buffer. The final dragging assay is performed in a different buffer based on HEPES. We found that PIPES buffer greatly reduced the interaction between the microtubules and kinetochores, as well as the kinetochore-associated motor protein, Cin8. The exact mechanism of this inhibition has not been further investigated. Microtubules cannot be stored stably in HEPES-based buffer over the time scale of hours, even in the presence of taxol. Therefore, prior to each experiment, microtubules were either freshly grown or stored in BRB80 with taxol (where they can remain stably assembled), pelleted and resuspended in the assay buffer.
7. The role of casein in surface treatment is largely unclear. While casein is widely used as a passivation protein, whole casein is also frequently used in kinesin-microtubule gliding assays, and different casein components provide variable support. In our study, we found that k-casein, a component of whole casein, provided the best passivation result. However, the presence of k-casein severely impaired or even completely abolished the kinesin-microtubule interaction. While it is tempting to supplement the final assay buffer with a high amount of casein to prevent bead clumping, the bead-microtubule attachment tolerates the presence of only a small amount of k-casein.
8. The vacuum pump used for the plasma cleaner can also be used for drying lipid cake.
